
VU Research Portal

Kinesin Illuminated

Prevo, B.

2015

document version
Publisher's PDF, also known as Version of record

Link to publication in VU Research Portal

citation for published version (APA)
Prevo, B. (2015). Kinesin Illuminated. [PhD-Thesis - Research and graduation internal, Vrije Universiteit
Amsterdam].

General rights
Copyright and moral rights for the publications made accessible in the public portal are retained by the authors and/or other copyright owners
and it is a condition of accessing publications that users recognise and abide by the legal requirements associated with these rights.

            • Users may download and print one copy of any publication from the public portal for the purpose of private study or research.
            • You may not further distribute the material or use it for any profit-making activity or commercial gain
            • You may freely distribute the URL identifying the publication in the public portal ?

Take down policy
If you believe that this document breaches copyright please contact us providing details, and we will remove access to the work immediately
and investigate your claim.

E-mail address:
vuresearchportal.ub@vu.nl

Download date: 23. May. 2023

https://research.vu.nl/en/publications/ad8b1011-38af-4828-8232-6dcd1a799d91


99kinesin illuminated

Chapter 2.3
FÖRSTER RESONANCE ENERGY 
TRANSFER AND KINESIN MOTOR 
PROTEINS
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2.3.1 Abstract

Förster Resonance Energy Transfer (FRET) is the phenomenon of non-radia-
tive transfer of electronic excitations from a donor fluorophore to an acceptor, 
mediated by electronic dipole-dipole coupling. The transfer rate and, as a con-
sequence, efficiency depend non-linearly on the distance between donor and ac-
ceptor. FRET efficiency can thus be used as an effective and accurate reporter of 
distance between two fluorophores and changes thereof. Over the last 50 years or 
so, FRET has been used as a spectroscopic ruler to measure conformations and 
conformational changes of biomolecules. More recently, FRET has been com-
bined with microscopy, ultimately allowing measurement of FRET between a 
single donor-acceptor pair. In this review, I will explain the physical founda-
tions of FRET and how FRET can be applied to biomolecules. The power of 
the different FRET approaches will be highlighted by focusing on applications 
to the motor protein kinesin, which undergoes several conformational changes 
driven by enzymatic action, that ultimately result in unidirectional motion along 
microtubule filaments, driving active transport in the cell. Single-molecule and 
ensemble FRET studies of different aspects of kinesin have provided numerous 
insights in the complex chemomechanical mechanism of this fascinating protein.
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INTRODUCTION

Many proteins function by undergoing specific, structural transitions, controlled 
by their own enzymatic activity (1). To fully appreciate the behavior of such 
proteins one has to understand in molecular detail how different conformational 
states contribute to overall protein activity. Kinesins are examples of proteins 
that go through several distinct transformations repetitively, coupled, on the one 
hand, to ATP hydrolysis and, on the other hand, to well-controlled mechanical 
action (2, 3). Different classes of kinesin motor proteins have been discerned, 
with crucial functions in intracellular transport along the microtubule network 
of the cytoskeleton, cell division, and microtubule maintenance. In this chapter 
I will mainly focus on Kinesin-1, the first member of the kinesin superfamily 
to be discovered and one of the most studied motor proteins. Kinesin-1 (in the 
following also called kinesin), is involved in active cargo transport in axons. It is 
a tetrameric protein consisting of two heavy and two light chains (4). The two 
identical heavy chains form a coiled-coil stalk, with, on the one end, the tail do-
mains responsible for cargo binding and autoinhibition, and, on the other, two 
motor domains coupled to the stalk via the neck linkers. The motor domains 
are responsible for microtubule binding, ATP hydrolysis and the conformational 
changes driving motility (3). After encountering a microtubule, the motor do-
mains alternatingly take 16-nm steps in a hand-over-hand manner, tightly cou-
pled to the hydrolysis of one ATP molecule, while docking on and undocking 
from well-defined binding sites on the microtubule, resulting in 8 nm steps of 
the motor’s center of mass (Fig. 1) (5). Precise coordination between the binding/
unbinding and ATP hydrolysis of the two motor domains allows kinesin to take 
more than a hundred steps before detaching from the microtubule, a property 
called processivity (2, 5). At cellular ATP concentrations, kinesin runs with a ve-
locity of about 800 nm s-1. Consequently, a motor domain has on average ~10 ms 
to go through the successive structural and enzymatic transitions underlying a 
single step.

Many aspects of our knowledge about kinesin structure and enzymology have 
been obtained with ensemble biochemistry techniques, electron microscopy and 
X-ray structural analysis. These studies have revealed crucial insights in kinesin’s 
ATPase kinetics, microtubule-binding properties and conformations. Crucial 
for unraveling kinesin-driven motility has been the development of in vitro mo-
tility assays (3), which allow direct observation and quantification of kinesin’s  
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Figure 1: Minimal model of the kinesin mechanochemical cycle (30). Kinesin is represent-
ed by the two motor domains (blue), neck linkers (red) and connecting coiled coil; ATP is 
depicted by the green oval, ADP by the red oval; the green and grey structure on the bottom is 
a microtubule protofilament. In state 1 both motor domains are microtubule bound, the lead-
ing motor domain is nucleotide free, while the trailing one has ATP bound. The neck linker of 
the trailing head is docked and pointing forward, while that of the leading head is undocked. 
After ATP hydrolysis and release of inorganic phosphate, the trailing motor domain detaches 
from the microtubule track and its neck linker undocks (state 2). The subsequent binding of 
ATP to the leading head results in forward docking of its neck linker, resulting in a relatively 
compact configuration of the two motor domains (state 3). The trailing, ADP-bound motor 
domain moves forward, binds to the next available binding site on the microtubule, releasing 
ADP (state 4). The motor domains have now swapped leading and trailing roles and the sys-
tem is in the initial configuration.
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motility parameters under well-controlled conditions. Early motility assays 
probed the concerted action of multiple kinesin motors acting on a single micro-
tubule. Later assays allowed study of motion and force development of individual 
kinesins. Single-molecule techniques provide crucial advantages for the study of 
dynamics of biomolecules: they allow resolution of population heterogeneity, do 
not require synchronization of enzymatic action (like ensemble chemical kinetics 
measurements) and allow correlation of different properties of the biomolecule 
of interest (6). More importantly, they allow for the direct observation of the 
behavior of single motor proteins, such as kinesin, proteins that in vivo also can 
act on their own or in small numbers. Two single-molecule techniques have been 
instrumental in unraveling the mechanism of kinesin (7). First, optical tweezers 
experiments allow measurement and application of forces exerted by the motor 
(in the picoNewton range), while at the same time recording its displacement 
with nanometer resolution. Using this technique, the maximum force a single 
kinesin can exert has been determined (~6 pN), as well as its step size (8 nm) 
and velocity and other motility parameters under mechanical load (8, 9). The 
second single-molecule technique that has changed our understanding of kinesin 
motility is single-molecule fluorescence microscopy. This technique allows direct 
visualization of kinesin processivity (10) and has been instrumental in demon-
strating that kinesin’s two motor domains step in a hand-over-hand fashion, ma- 
king 16 nm steps one after the other (11).

Crucial conformational changes driving kinesin motility, however, take place on 
the (sub)millisecond time scale and nanometer length scale, which are difficult to 
access with optical tweezers (which typically only provides insight in the overall 
behavior of the dimeric motor) and standard single-molecule fluorescence mi-
croscopy techniques (which lack both time and spatial resolution) (7). There is, 
however, a fluorescence-based technique that is particularly well suited to ful-
fill the requirements necessary to gain access to these fast and minute structural 
transitions: Förster Resonance Energy Transfer (FRET) (12, 13). In FRET, the 
transfer of electronic excitations from a donor fluorescent probe to an acceptor 
is measured, allowing quantitative distance measurements in the 1-10 nm length 
range, with a sub-millisecond time resolution. FRET, which can be used in en-
semble and single-molecule measurements, is thus ideally suited to shed light on 
protein conformational changes and has been applied extensively to dissect the 
mechanism of kinesin stepping.
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In this chapter I will review how FRET studies on the ensemble and single- 
molecule level have contributed to our understanding of kinesin function. First, 
the physical foundations of FRET will be introduced and its capabilities and 
limitations described. Next, it is discussed how FRET can be used to study bio-
molecule conformational changes in ensemble experiments, in cuvette and under 
the microscope, and in single-molecule experiments. Finally, I will review how 
FRET has been applied to unravel kinesin’s mechanism and function by high-
lighting distinct aspects of the kinesin mechanism: ATP hydrolysis, neck-linker 
conformational changes, stepping and conformational changes regulating mo-
tor activity. FRET studies have been successfully applied to shed light on these 
diverse aspects of kinesin function. By highlighting the insights FRET studies 
have provided in kinesin motility, I hope to convince the reader that FRET is a 
powerful tool to quantitatively dissect structural and conformational changes of 
biomolecules in general, which are crucial aspects for understanding their func-
tion, activity and mechanism.

FÖRSTER RESONANCE ENERGY TRANSFER

FRET is a physical phenomenon that has been successfully used as a molecu-
lar ruler to study changes in distance (on the several nanometers length scale) 
and relative orientation (14). FRET can occur when two fluorophores are close 
enough to transfer excitations via electronic coupling of the transition dipole 
moment of the donor fluorophore to the absorption transition dipole moment 
of the acceptor. FRET can be readily measured in standard bulk fluorescence ex-
periments, but is also accessible using fluorescence microscopy, including single- 
molecule fluorescence spectroscopy. In the following I will describe the  
physical mechanism of FRET and how it can be used to obtain insight into bio-
molecule conformational changes, using bulk experiments, fluorescence micro- 
scopy and single-molecule approaches.

PHYSICAL BACKGROUND

2.3.2 Strong coupling: excitons

When two fluorophores come close, they can alter each other’s electronic prop-
erties (12). At short distances (for organic fluorophores in a watery environment, 
less than a few nanometers), the electronic coupling between the transition dipole 
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moments of the optical transitions of the molecules can be strong, resulting in 
so called exciton splitting of the excited states: the energy of the original excited 
states is shifted, while the oscillator strength of the individual transition is redis-
tributed. This leads to altered spectra with shifted peaks with altered intensity. 
When such a strongly coupled system of fluorophores is excited with light, the 
excitations are delocalized over the coupled molecules and called excitons: the ex-
citation energy is almost instantaneously distributed over the molecules. Exciton 
coupling can occur between identical as well as different molecules. It can result 
in increased or decreased absorption at a given wavelength, depending on the  
orientation of the transition dipole moments with respect to each other and 
the axis connecting the molecules (12). It also has an effect on the fluorescence 
emitted after excitation. The fluorescence quantum yield can increase (super- 
radiance) or decrease (quenching). This effect can be used to measure confor-
mational changes altering the distance between two fluorophores attached to 
a biomolecule in the sub- to a few nanometers range. It should be noted that 
very short distances between the fluorophores are required and that it is difficult  
obtain quantitative information on the actual distances.

2.3.3 Weak coupling: Förster Resonance Energy Transfer

In the weak coupling limit (which occurs when the coupling energy is much less 
than the spectral band width) no changes in the absorption spectrum of the pair 
of fluorophores can be discerned (13). When one of the molecules is excited, 
however, non-radiative transfer of the excitation from this molecule to the other 
can take place in case the energy differences match and the coupling energy is 
large enough (Fig. 2A, B). Because of the non-radiative nature of the excitation 
transfer we encourage the explanation of the ‘F’ in FRET to be an abbreviation 
of ‘Förster’ instead of ‘Fluorescence’ as frequently used, since the latter might 
be confusing in this respect. For the case of dipole-dipole coupling (for strongly 
absorbing and emitting fluorophores, as discussed here, the most relevant case) 
Theodor Förster derived the following formula for the transfer rate ( ) between 
an excited donor ( ) and an acceptor fluorophore ( ) (13, 15):

where  is the fluorescence lifetime of the donor in the absence of the acceptor, 

(1)
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 the distance between the fluorophores and  the so-called Förster distance (the 
donor-acceptor distance at which the transfer rate is equal to  ). Note that 
the rate of transfer is inversely proportional with the inter-fluorophore distance 
to the power six, a signature of dipole-dipole coupling (Fig. 2C). The transfer 
efficiency ( ) can be expressed as (13):

where  is the fluorescence lifetime of the donor in the presence of the acceptor. 
Equation 2 provides another definition of the Förster distance: the donor-ac-
ceptor distance at which the transfer efficiency is 50%. The Förster radius (in 
Ångstrom) can be found using (13): 

(2)

where  is the fluorescence quantum yield of the donor in the absence of the 
acceptor,  Avogadro’s number,  the refractive index of the medium,  
the overlap integral describing the degree of overlap between donor fluorescence 
emission spectrum and acceptor absorption spectrum (Fig. 2B), and  the ori-
entation factor, a measure for the relative orientation of the transition dipole mo-
ments of donor (emission) and acceptor (absorption) and the vector connecting 
the molecules (Fig. 2D). The overlap integral is given by (13):

(3)

where  is the wavelength,  the donor fluorescence emission spectrum, 
 the acceptor absorption spectrum (both with area under the spectrum 

normalized to unity). The better the overlap between acceptor absorption and 
donor emission spectra, the larger the overlap integral is and the larger the Förster 
distance (see Fig. 2B).

(4)
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Figure 2: Förster Resonance Energy Transfer (FRET). (A) Minimal energy diagram repre-
senting the first two singlet electronic levels of a donor and acceptor fluorophore. Absorption 
of a photon (abs; cyan arrow) results in excitation of the molecule from the lowest vibra-
tional level (thin black horizontal lines represent the vibrational levels) ground state (S0) to 
higher vibrational levels of the first excited state (S1). This donor excited state can decay to 
the ground state via fluorescence (fluor; green arrow). As an alternative, the donor excited 
state can be transferred nonradiatively to the acceptor via FRET (dashed orange arrows). The 
acceptor excited state can decay to the ground state via emission of fluorescence (fluor; red 
arrow). (B) Absorption (abs) and fluorescence emission (fluor) spectra of donor and acceptor. 
FRET requires overlap between donor emission and acceptor absorption spectra (yellow area). 
(C) Graph of FRET efficiency as a function of donor-acceptor distance. At , the Förster 
distance, energy transfer efficiency is 50%, at ½  98.5% and at 2  1.5%. (D) Schematic 
depiction of the vectors and angles involved in determination of the FRET orientation factor 

: the transition dipole moments of donor emission ( , green) and acceptor ( ; green), 
the connecting vector ( ; cyan),  the angle between  and , donor emission and 
acceptor absorption dipole moments,  and  the angles between the respective dipole 
moments and , and  the angle between the planes formed by  and each of the two dipole 
moments.
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In addition the Förster distance depends strongly on  (the orientation factor)  
(13):

where  is the angle between donor emission and acceptor absorption di-
pole moments,  and  the angles between the respective dipole moments 
and the vector ( ) connecting the fluorophores, and  the angle between the 
planes formed by vector  and each of the two dipole moments (Fig. 2D). The 
orientation factor is 0 when the two dipoles are oriented perpendicular, 1 when 
they are parallel, but both perpendicular to the connecting vector, and 4 when 
they are parallel with each other and the connecting vector. The orientations of 
the dipoles are often not known. In case they are random, but fixed in time the 
ensemble average of  can be assumed to be 0.476; in another case when they are 
rotating fast on the timescale of fluorescence (nanoseconds) the time average of 

 can be assumed to be ⅔. For calculating the Förster distance, often ⅔ is used. 
Depending on the combination of fluorophores, Förster distances typically range 
from 20 to 90 Å (16), making FRET an excellent method to obtain distances 
and changes in distance in the range of several nanometers. The FRET efficiency 
scales highly non-linear with  (Fig. 2C): when the fluorophores are ½  apart 
the efficiency is 0.985 and when they are 2  apart 0.0154. In order to make use 
of FRET to obtain insight into biomolecule conformational changes, care has 
to be taken to carefully select donor and acceptor pair (i.e. Förster distance) and 
labeling positions on the biomolecule of interest in order to be in this sensitive 
(= steep) part of the FRET efficiency curve (Fig. 2C) (13). In most cases this re-
quires that a sufficient amount of information is available on the structure of the 
biomolecule and the conformational changes of interest. To improve the chance 
of success, it is wise to select several different labeling locations, since fluorescent 
labeling can result in altered properties of the biomolecule (this has to be checked 
always) and conformational changes can in reality be different than what is in-
ferred from crystal structures or other approaches. Accurate placement of labels 
requires specific attachment to the biomolecule of choice. In most in vitro cases 
synthetic organic dyes are used such as the Alexa Fluor (Invitrogen) or Cy dyes 
(GE Healthcare) because of their superior fluorescence properties and relatively 
small size. For nucleic acid labeling, diverse types of fluorescent nucleotides can 
be readily incorporated using automated solid-state synthesis (17). In the case of 
protein labeling, in many cases cysteine-reactive labels are used (17). Note that 

(5)
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attaching a donor and an acceptor is difficult to achieve in a specific way (i.e. do-
nor in one location, acceptor in another). This can in some cases be tolerated. If a 
higher degree of control is necessary more advanced labeling strategies involving 
inteins or non-natural amino acids in combination with in vitro translation are 
required (17). For in vivo measurements other strategies have been employed, in-
cluding fusions of the protein of interest and a fluorescent protein (18). It should 
be noted that fluorescent proteins are not well suited for single-molecule FRET 
because of their size and limited photostability (19). Novel technologies make use 
of fusion proteins that specifically and covalently bind membrane permeable syn-
thetic, fluorescently labeled substrates, such as the SNAP- and CLIP-tags from 
New England BioLabs Inc.

HOW TO MEASURE FRET

Once the biomolecule of interest is specifically and correctly labeled, its confor-
mational changes can be monitored by measuring the FRET efficiency, for exam-
ple as a function of time (20). Changes in FRET efficiency can then be converted 
to changes in donor-acceptor distance and/or orientation. Many conformational 
changes in proteins or DNA take place on the microsecond to second timescale, 
much slower than the nanosecond time scale of the FRET process itself. FRET 
can and has been used as an effective molecular ruler, but this is by far not trivial 
since for accurate and absolute distance measurements detailed information on 
orientations is required (21, 22, 23). Such signals can be obtained both in bulk, 
for many FRET pairs simultaneous, but also for single pairs. Below further tech-
nical implementations are discussed. FRET can be measured in bulk solution, 
spatially resolved in a fluorescence microscope and on single molecules. These 
three modalities will be discussed in more detail below.

2.3.4 Ensemble experiments

A straightforward way to measure FRET is to measure it on a solution of the 
biomolecule of interest using a fluorimeter (16, 20). The FRET efficiency can 
then be determined from the emission spectrum obtained upon donor excitation 
(i) by taking the ratio between acceptor fluorescence intensity and the sum of 
donor and acceptor fluorescence intensities or (ii) by determining the relative 
changes of donor emission intensity in the presence and absence of acceptor. The 
first approach requires careful correction of the signals for (relative) detection 
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efficiencies, fluorescence quantum yields and spectral overlap of excitation and 
emission spectra (24). The latter approach does not depend on these corrections, 
but requires accurate knowledge of the intensity in the absence of the acceptor, 
which can be non-trivial. 

Such experiments are in principle steady-state experiments. Even when a bio-
chemical reaction takes place in the sample involving conformational dynamics 
that in principle could result in temporal changes in FRET, ensemble averag-
ing over non-synchronized transients will result in a static, population-averaged 
FRET value. Population-averaged transients can be measured though, when a 
non-equilibrium situation is created for example by mixing solutions to start 
the biochemical reaction in a synchronized way over the whole ensemble of 
biomolecules (16). Such mixing can be done very fast (mixing times down to 
about a millisecond), using dedicated stopped-flow equipment. In a stopped-flow  
experiment, one typically refrains from measuring the full spectrum, but instead 
measures the total fluorescence intensity in two (donor and acceptor) or one  
(donor) spectral channels. An important disadvantage of this approach is that 
usually substantial quantities of proteins are used for only a single reaction cycle.

2.3.5 FRET microscopy

FRET measurements can be performed using a microscope in order to obtain 
spatially resolved signals, for example in a living cell. This can be a very powerful 
approach for example to determine local Ca2+ concentrations using FRET-based 
sensors (16). Crucial in such studies is to correct the fluorescence signals well for 
spectral overlap and detection efficiencies. Two potential, additional sources of 
artifacts are photobleaching (due to the much higher excitation intensities used) 
and unknown concentrations of biomolecules containing donor and acceptor. 
The most successful methods to measure FRET in bulk using microscopes are 
based on determining the fluorescence lifetime of the donor molecules and com-
paring those to the fluorescence lifetime of the donor in absence of the acceptor. 
In contrast to fluorescence intensity, fluorescence lifetime is a quantity hardly af-
fected by protein concentration and factors such as spectral overlap and detection 
efficiency. More details of fluorescence lifetime imaging (FLIM) and its use for 
FRET measurements can be found elsewhere (25).
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2.3.6 Single-molecule FRET

Ensemble FRET experiments are obtained by averaging the properties of all  
molecules in the sample and thus cannot provide direct insight in potential con-
formational heterogeneity of the biomolecules under study (6, 26). Furthermore, 
to obtain temporal information on changes in FRET, all molecules in the sam-
ple need to be synchronized, which is not always possible and often requires 
large quantities of biomolecules. These limitations can be overcome by measuring 
FRET on single donor-acceptor pairs (smFRET) (27). Crucial in smFRET is that 
the fluorescence is detected with high efficiency and that background signals are 
well suppressed. smFRET does not work with all fluorophores: the amino acid 
tryptophan, commonly used as donor in stopped-flow FRET experiments is not 
bright enough and fluorescent proteins, commonly used with FRET-FLIM, are 
not photostable enough and their fluorescence intensities fluctuate too much 
(19). In practice, only synthetic dyes such as Alexa Fluor (Invitrogen), Cy (GE 
Healthcare) and Atto (Attotec) are used for smFRET. Different experimental  
approaches, with different areas of application are widely used to measure FRET 
on single donor-acceptor pairs.

In one implementation, a confocal microscope is used, with a static laser focus 
in a solution with freely diffusing fluorescently labeled molecules of interest (28). 
Only when biomolecules are present in the confocal volume, fluorescence will 
be emitted. When the biomolecule is labeled with a donor and acceptor and the 
donor is excited, donor and acceptor fluorescence can be detected, depending on 
FRET. Using this method, in a short time, the FRET signal of many molecules 
can be measured allowing accurate measurement of histograms of the FRET ef-
ficiency, directly probing heterogeneous conformation distributions. A drawback 
of many FRET experiments is that it is very difficult to obtain samples with a do-
nor and acceptor labeling efficiency of 100%, resulting in multiple, overlapping 
FRET populations, which makes interpretation of the data difficult. To overcome 
this problem, the ALEX (Alternating Laser Excitation) method has been devised, 
which involves fast switching between donor and acceptor excitation (29). Using 
ALEX, for each freely diffusing molecule not only the FRET efficiency can be 
determined, but also the donor-acceptor stoichiometry, which allows filtering out 
molecules that lack either donor or acceptor. The disadvantage of burst approach-
es (including ALEX) is that they do not provide insight in temporal changes of 
the fluorescence signals, since each molecule is probed only for the brief residence 
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time in the confocal volume. A modification of this approach has been applied 
to measure FRET on moving kinesin motors (30). Here, the laser exciting the 
donor fluorophore was focused on a microtubule fixed to a cover glass. Fluores-
cence signals from individual kinesins walking over the microtubule and through 
the confocal spot can be measured in time for the duration of the transit (about 
a second), with an effective time resolution of 100 microseconds (31). Fluores-
cence time traces obtained in this way can be analyzed using auto- and cross- 
correlation analysis. ALEX was not necessary to discriminate donor and acceptor 
labeled motors from partly labeled ones, since the fluorescence intensity time 
traces provide enough insight to allow accurate filtering on the basis of donor and 
acceptor intensities.

Another approach to measure smFRET is based on wide-field fluorescence mi-
croscopy. In this approach, a region (with a typical size of several to several tens 
of micrometers) of the sample is illuminated using epi-illumination or total-in-
ternal-reflection illumination (TIRF) (32). In epi-fluorescence microscopy a 
large part of the sample volume is illuminated, which can result in unwanted 
background signals originating from above or below the image plane. In TIRF, 
this problem is solved by illuminating only a thin region of the sample (approx-
imately one hundred nanometers), close to the cover-slip/sample interface, with 
the evanescent wave of a totally internally reflected laser beam. Irrespective of the 
illumination method, the fluorescence emitted by the sample is detected with a 
camera, allowing inspection of a whole region of the sample (and many indivi- 
dual molecules) in a single shot, lasting typically in the range of 10 ms to 1 s. 
Care needs to be taken to choose the frame integration time such that movement 
of the fluorophores of interest does not result in motion blurring. In a typical ap-
plication to kinesin, microtubules are attached to the cover glass and fluorescent 
motor proteins are added to the solutions. When freely diffusing, the motors will 
move fast and randomly, resulting in a diffuse background fluorescence signal. 
Only when they bind to a microtubule and move along it, clear and localizable 
spots can be observed in the images. In order to measure FRET signals, donor 
and acceptor fluorescence intensity is measured by spectrally splitting the emis-
sion signal and imaging it on two cameras or side-by-side on a single one. The 
advantage of this approach is that multiple biomolecules can be followed in time 
at the same time. The total duration the motors can be observed is limited by 
photobleaching of the fluorescent probes or the time they remain attached to 
the microtubules (run length). The time resolution of this approach is limited 
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by the frame acquisition time of the camera, which is at most about 100 Hz  
(depending on fluorescence intensity).

USING FRET TO DISSECT THE MOTILITY MECHANISM OF KINE-
SIN

As discussed above, FRET is ideally suited to obtain detailed insight in the con-
formations of biomolecules. In addition, smFRET allows resolution of conforma-
tional heterogeneity and of the time scales of interconversion between different 
conformations, without the need to synchronize the ensemble of biomolecules 
under study. As a consequence smFRET has been applied to many different bio- 
logical problems, ranging from the conformation of DNA (23), the folding of 
RNA (24) and proteins (33), to the different conformations of RNA polymerase 
during different stages of its catalytic activity (34). In this chapter I will provide 
an overview of the use of FRET, in particular in its single-molecule form, to 
motor proteins of the kinesin superfamily. Kinesin is a particularly interesting 
subject for FRET measurements since it undergoes changes in conformation in 
a repetitive, cyclic way, resulting in forward motion. Kinesin’s mode of action 
involves the hydrolysis of ATP, tightly coupled to conformational changes, bind-
ing to and unbinding from the microtubule lattice and stepping. In addition, a 
large-scale conformational change of the cargo-binding tail of the protein is an 
important means of regulation of the protein. In the remainder of this contribu-
tion I will review FRET studies that have addressed these important features of 
kinesin’s mode of action. The different FRET approaches that have been taken 
are schematically summarized in Figures 3 and 4. In Figure 3 labeling locations 
are depicted in the kinesin overall structure, while the different FRET approaches 
applied are depicted in Figure 4.

A B
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Figure 3: Kinesin structure with labeling locations of FRET studies discussed indicated 
(30, 41, 44, 45, 46, 47, 51, 54).
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Figure 4: Schematic representations of FRET geometries applied to kinesin. Donor is 
represented by green asterisk, acceptor by red asterisk, donor excitation by cyan arrow, donor 
fluorescence by green arrow and acceptor fluorescence due to FRET by red arrow. (A) FRET 
between donor on kinesin motor domain and acceptor on ATP (41, 41). (B) FRET between 
donor on neck linker and acceptor on the same motor domain (44, 47). (C) Exciton forma-
tion resulting in fluorescence quenching of two fluorophores attached to both neck linkers 
(46). (D) FRET between donor on motor domain and acceptor on microtubule (51, 53). (E) 
FRET between donor on one motor domain and acceptor, in another location, on the other 
motor domain (54). (F) FRET between donor on one motor domain and acceptor, in the 
same location, on the other motor domain (30). (G) FRET between donor on tail domain and 
acceptor on motor domain (60). See main text for further explanation.
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2.3.7 ATP hydrolysis

The hydrolysis of a single ATP molecule into ADP and inorganic phosphate by 
kinesin results in a single 8-nm step, kinesin’s trailing motor domain stepping 
16 nm, from its original binding site on the microtubule, passing the leading 
domain, to the next available binding site (Fig. 1) (11). Traditionally, the rate of 
ATP hydrolysis by enzymes such as kinesin is determined in bulk by measuring 
the formation of ADP or phosphate by means of radioactivity (32P), changes 
in light absorption (e.g. making use of complex formation between molybdate 
and phosphate, often in the presence of malachite green, or using a coupled as-
say involving lactate dehydrogenase and NADH) (35). In order to obtain deep-
er insight into the binding and release of nucleotides, frequent use is made of 
the fluorescent nucleotide-analogue MANT-ATP (or MANT-ADP) containing 
the N methylanthraniloyl chromophore. The fluorescence properties of MANT- 
nucleotides change substantially upon binding to the enzyme’s active site. This, 
combined with the with MANT fluorescence being measurable in real time with 
high sensitivity makes them suitable probes to study nucleotide binding, release 
and protein conformational changes using stopped-flow equipment. Care has to 
be taken, because the fluorescent moiety slightly alters the rates for binding and 
hydrolysis of MANT-ATP compared to ATP (36). MANT-ATP has been used 
to study many different ATP-hydrolyzing proteins, such as myosin. In myosin it 
was found that the sensitivity of MANT-fluorescence detection can be further 
enhanced by exciting it by FRET from a tryptophan donor, naturally occurring 
in the nucleotide binding pocket (37). This particular FRET approach cannot be 
used for Kinesin-1, since it does not contain tryptophans in its nucleotide bind-
ing pocket. Although less efficient, FRET between tyrosine residues and MANT 
has been used successfully to study ADP release of Drosophila kinesin (36). Some 
kinesins of other families (Kinesin-5 and Kinesin-7), do contain tryptophans 
close to the ATP binding site and tryptophan-FRET approaches have been used 
to determine ATP-binding kinetics for these proteins (38, 39). In a particularly 
interesting approach, Xing and coworkers generated five Kinesin-1 mutants with 
tryptophan residues introduced at different locations close to the ATP-binding 
site (Fig. 4A) (40). Using a combination of ensemble steady-state and stopped-
flow FRET measurements between tryptophan and MANT-nucleotides and 
computer modeling of the nucleotide-binding pocket, they obtained evidence 
for three different nucleotide-bound conformations of kinesin, that mainly 
show changes in position of the so-called “switch II” loop and helix, which relay  
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information from the nucleotide binding pocket to the microtubule-binding do-
main, thus controlling the microtubule affinity in different nucleotide-bound 
states of the motor.

For many fluorescence experiments, MANT-nucleotide analogues are ideal: their 
fluorescence properties are reasonably good and the fluorophore is small compared 
to the nucleotide, hardly affecting nucleotide binding, hydrolysis and release. Un-
fortunately, MANT’s fluorescence properties (in particular fluorescence quantum 
yield and the UV excitation wavelength) make it inapt for single-molecule fluo-
rescence experiments. Other nucleotide analogues that do allow single-molecule 
FRET have been used by Verbrugge and coworkers (41). They studied changes in 
FRET between an Alexa Fluor 555 attached to a unique cysteine introduced in a 
cysteine-less mutant of Kinesin-1 at position 43 (Fig. 3) and Alexa Fluor 647 ATP 
(Alexa Fluor 647 2’-(or-3’)-O-(N-2-aminoethyl)urethane), Figure 4A. Because of 
its relatively large fluorophore, this ATP analogue is hydrolyzed by Kinesin-1 
with substantially altered kinetics: the maximum velocity decreased more than 
two-fold, the Michaelis constant increased more than two-fold. Nevertheless,  
Alexa Fluor 647 ATP is hydrolyzed by Kinesin-1 resulting in processive motility. 
Use of FRET served two goals in this experiment: (i) it allowed measurements at 
rather high fluorescent ATP concentrations (up to 40 micromolar), (ii) it allowed 
discrimination between fluorescent ATP binding to the one donor-labeled motor 
domain and the unlabeled one. Using the single-molecule confocal fluorescence 
motility assay discussed before (31), donor fluorescence intensity time traces were 
obtained showing continuous switching between low (fluorescent ATP bound to 
non-labeled motor domain) and high FRET states (fluorescent ATP bound to the 
labeled motor domain) on the time scale of stepping. Traces were analyzed using 
autocorrelation methods and compared to kinetic models. The data could only 
be described using models involving alternating-site hydrolysis, in which the two 
motor domains hydrolyze ATP and step in a sequential way (41).

ATP-hydrolysis by kinesin results in conformational changes in the motor do-
mains that affect microtubule affinity and relative orientation and distance of 
the motor domains, resulting in forward stepping. Both motor domains are con-
nected to a single coiled-coil stalk via the so-called “neck linkers”, ~14-18 amino 
acids long, highly conserved among plus-end directed kinesins (42). Early elec-
tron-microscopy images of Drosophila Kinesin-1 showed that one motor domain 
was always microtubule-bound in the same orientation, irrespective of nucleotide 
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state, while location and orientation of the other one depended on the nucleo-
tide bound (43). These results suggested that the structural organization of the 
neck linkers plays an important role in accomplishing asymmetry between the 
two motor domains. This feature is thought to be crucial for processivity (5), 
which requires one motor domain to be tightly microtubule-bound while the 
other steps. In a landmark paper, Rice and coworkers used FRET and other tech-
niques to measure the distance changes between the neck linker and the catalytic 
core in different nucleotide- and microtubule-binding states (Fig. 4B) (44). They 
introduced two cysteines at various locations (residue 20, 188, 220, 328 and 333) 
in monomeric, cysteine-light mutants of human Kinesin-1, which were subse-
quently labeled with CPM (7-diethylamino-3-(4’-maleimidylphenyl)-4-methyl-
coumarin) as donor and TMR (tetramethylrhodamine-6-maleimide) as acceptor.

In solution, kinesin monomers labeled at residues 333 and 220 (Fig. 3) did show 
FRET, with a transfer efficiency of ~85%. The efficiency decreased (to ~76%) 
when these motors were bound to microtubules in the absence of nucleotides. 
The efficiency increased (to ~93%), however, when the non-hydrolyzable ATP 
analogue AMP-PNP was added to the microtubule-bound kinesins, indicating a 
donor-acceptor distance of less than ~10 Å. Labeling residue 20 instead of 220 
gave opposite results, which indicates that the neck linker is positioned away 
from the tip of the catalytic core in the nucleotide-free microtubule-bound state, 
while it is located close to the tip of the catalytic core in the nucleotide-bound 
microtubule-bound state. This substantial structural reorganization of the neck 
linker in microtubule-bound kinesin motor domains was explained by the neck 
linker adopting an immobile, docked conformation with ATP bound and a mo-
bile, undocked conformation after hydrolysis and phosphate release. The inter-
mediate FRET efficiency of motor domains in solution suggests that both im-
mobile and mobile neck-linker states can exist when the motor domain is not 
microtubule bound. A subtle mutation of a well-conserved glycine (G234A) that 
forms a hydrogen bond with the -phosphate of ATP and thus relays information 
on the status of the nucleotide bound to the microtubule-binding site, did affect 
neck-linker docking. To determine the particular residues involved in neck-linker 
conformational changes, Case and coworkers altered amino acids in the neck 
linker and mutated specific residues in the catalytic core (G291A/G292A) to pre-
vent hydrogen bond formation with the neck linker, in monomeric and dimeric 
constructs (45). In all these mutants, microtubule-based motility was severely 
impaired, while the ATPase rate was affected to a lesser extent. Moreover, FRET 
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measurements on the monomeric, microtubule bound neck-linker mutants with 
GFP (at the C-terminus of the kinesin construct) as donor and TMR (at posi-
tion 220) as acceptor (Fig. 3), showed that the FRET efficiency hardly differed 
between AMP-PNP or no-nucleotide conditions, in contrast to wild-type kine-
sin. These results indicate that the neck linker hardly affects the motor domain’s 
ATPase rate but is crucial for kinesin motility, conceivably by amplifying minute 
conformational changes in the nucleotide-binding pocket to large changes in the 
connecting elements of the motor domains.

Rosenfeld and coworkers used ensemble fluorescence quenching experiments to 
determine how conformational changes of the neck linkers are connected to step-
ping (46). They used a dimeric human Kinesin-1 construct, labeled with TMR 
(tetramethyl rhodamine 5-maleimide) at a cysteine introduced at position 333 
(in the neck linker, Fig. 3). The two TMR labels on both kinesin-polypeptide 
chains are, depending on exact conditions, close enough to form an exciton, re-
sulting in distance-dependent fluorescence quenching (Fig. 4C). They observed 
that TMR fluorescence intensity was a direct measure of the conformations of 
the neck linkers: fluorescence intensity was maximal when both neck linkers 
were docked on their respective motor domains (in the presence of AMP-PNP 
and microtubules) and substantially quenched when they were both mobile and 
undocked (in solution without microtubules). These differences in fluorescence 
intensity were used, in stopped-flow measurements, to determine the rates of 
the transients between the different states of the kinesin chemomechanical cycle. 
During processive motion, the fluorescence intensity was intermediate, an ob-
servation consistent with the neck linkers switching between docked and mobile 
configurations, with both motor domains and only one motor domain micro- 
tubule-bound respectively.

To gain further insight in the connection between neck-linker conformational 
changes and processive motility, Tomishige and coworkers performed smFRET 
measurements on human Kinesin-1 dimers labeled with Cy3 as a donor and 
Cy5 as an acceptor using TIRF-microscopy (47). A cysteine-light (cysteines 
other than at the labeling location(s) are replaced) heterodimeric kinesin was 
created where only one of the motor domains was labeled at positions 215 
and 342 (Fig. 3). smFRET measurements on these constructs thus report on 
neck-linker conformation in one of the two motor domains (Fig. 4B). Two dis-
tinct, almost equal populations of motors were observed, one with high and the 
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other with low FRET efficiency. The high FRET efficiency population is con-
sistent with dimeric motor proteins in which the neck linker of the trailing mo-
tor domain is docked and pointing forward, the other, low FRET, population 
with motor proteins in which the neck linker of the leading motor domain is  
undocked and pointing backward. At cellular ATP concentrations kinesin 
stepping results in alternating low and high FRET states, too fast to be ob-
servable with wide-field fluorescence microscopy methods. Slowing down the 
motors by lowering the ATP concentration to ~1 µM allowed resolution of anti- 
correlated switches in donor and acceptor fluorescence-intensity time traces, di-
rectly demonstrating that the neck linker indeed alternates between two differ-
ent conformations during processive motion of dimeric kinesins. This general 
result has later been confirmed using single-molecule fluorescence polarization 
experiments (48). It has remained unclear, however, whether this conformational 
change is the actual driver of processive motion: the free energy associated to it is 
only a fraction of that of the hydrolysis of an ATP and it only results in a fraction 
of the total displacement of a motor domain (5, 49).

2.3.8 Interactions with the microtubule track

A crucial aspect of kinesin processivity is that the affinities of both motor do-
mains for their microtubule binding sites have to be strictly regulated: at any 
given moment one of the motor domains has to be strongly bound, requiring that 
the one motor domain is prohibited from dissociating until its partner is bound. 
Since microtubule affinity and nucleotide state are tightly connected, a motor 
domains’ catalytic activity has to be regulated by its partner’s mechanical state 
(microtubule bound or not). Based mainly on optical tweezers experiments the 
current idea in the field is that this knowledge is transferred via mechanical strain 
between the motor domains (5, 50). This aspect of kinesin motility has also been 
investigated using bulk FRET (51). A cysteine-light and tryptophan-free kinesin 
construct was used, which was labeled with AEDANS (5-(((2-iodoacetyl)ami-
no)ethyl)-aminonaphtalene-1 sulfonic acid) to a cysteine introduced in the neck 
linker at position 333 (Fig. 3). With this construct FRET between AEDANS and 
tryptophans in the microtubule was measured using stopped-flow fluorescence 
experiments (Fig. 4D). Dimeric constructs were compared with monomeric ones 
to test whether forward strain on the trailing head increased its dissociation rate. 
Surprisingly, ATP-induced dissociation of monomeric kinesin was faster than the 
dissociation of dimeric kinesin’s trailing motor domain, indicating that forward 
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strain does not increase the dissociation rate of this motor domain. Premature 
dissociation of the leading motor domain could instead be prevented by prohib-
iting it binding ATP until the trailing head has dissociated. To test this possibili-
ty, ATP-binding kinetics were measured using FRET between MANT-ATP and 
tyrosine residues of the dimeric construct. In the presence of microtubules two 
binding rates were observed: a fast one corresponding to MANT-ATP binding to 
the nucleotide-free motor domain and a slow one corresponding to subsequent 
MANT-ATP binding of the leading motor domain. These results indicated that 
rearward strain decreases the ATP-binding rate of the leading motor domain by 
more than tenfold. Looking with a different perspective one could also argue 
that it is the microtubule that binds the catalytic cores of kinesin and therefore 
responsible for generating kinesin’s intramolecular strain.

Along similar lines, it was suggested that the microtubule E-hooks, the negatively 
charged C-termini of -and -tubulin, can interact with the positively-charged 
neck of kinesin to enhance processivity (52). To test these ideas, Martin and  
coworkers used FRET to determine whether kinesin neck and microtubule are 
indeed close together (53). They generated three dimeric cysteine-light Droso- 
phila Kinesin-1 constructs, labeled with Cy5.5 as acceptor at three different  
locations in the neck. They measured bulk FRET between donor TAMRA-X-tax-
ol bound to the microtubules and the Cy5.5 acceptors on the kinesin (Fig. 4D) 
and obtained high FRET efficiencies, irrespective of donor location in the neck, 
indicating that the kinesin neck is orientated in parallel to the microtubule sur-
face. Proteolytic removal of the microtubule E-hooks decreased both kinesin pro-
cessivity and velocity. FRET efficiency was, however, not affected, suggesting that 
the neck orientation was not altered. These results suggest that the orientation 
of the neck is an inherent structural property of Kinesin-1 and is not caused by 
electrostatic interactions between the neck and the tubulin E-hooks. The parallel 
orientation might increase the interaction of kinesin with the microtubule to 
enhance processivity and velocity, and might aid in achieving asymmetry by pre-
venting neck rotation while kinesin walks along the microtubule.

2.3.9 Kinesin’s gait: the mechanism of stepping

After discussing how FRET has been applied to study how kinesin hydrolyses 
ATP, undergoes conformational changes in the motor domain and binds and 
releases from microtubules, we will now address the actual stepping mechanism. 
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In the cell, Kinesin-1 steps along microtubules, with a rate of about 100 steps s-1 
(corresponding to 800 nm s-1). A single step, involving an ATP hydrolysis cycle, 
release from the microtubule, conformational changes resulting in a step and 
binding to a next binding site, lasts only 10 ms on average. 

One of the crucial questions in the kinesin-stepping mechanism answered by  
smFRET is the configuration of the two motor domains in the so-called 
“ATP-waiting state”. In this state (state 2 in Figure 1), one motor domain has 
no nucleotide bound, is tightly microtubule bound and ready to receive an ATP 
from solution. The other motor domain has ADP bound and is weakly or not 
microtubule bound. Mori and coworkers addressed this problem by making het-
erodimeric human Kinesin-1 constructs with Cy3 as donor and Cy5 as acceptor 
attached to a cysteine on the plus-end side (215) of one motor domain or the 
minus-end side (43) of the other one (Fig. 3 and Fig. 4E) (54). In the presence 
of AMP-PNP the FRET efficiency was bimodal, consistent with both motor do-
mains being microtubule bound and each motor domain having equal probability 
being in leading position. In the presence of ADP, only a single FRET population 
was observed, indicating that the motors were attached to the microtubules with 
only one motor domain. At rate-limiting ATP concentrations (2 µM), switches 
between high and low FRET efficiency could be observed with long dwell times 
indicating that kinesin spends most of the time with one motor domain bound 
under these conditions. FRET measurements on kinesin heterodimers with one 
mutated motor domain incapable of binding to microtubules confirmed these 
results and also showed that in the ATP-waiting state the ADP-containing mo-
tor domain is located behind the other one (i.e. in the minus-end direction) 
for most of the time. This was confirmed by single-molecule TMR-quenching 
experiments using the same kinesin construct discussed above (Fig. 4C) (46) 
showing that the ADP-containing motor domain is located ~8 nm behind the 
leading one, switching back and forth between a bound and unbound state, with 
the neck linkers alternating between a separated and joined state (55). A higher 
temporal resolution was, however, needed in order to dissect the ATP-waiting 
state at physiological ATP concentrations, where a single mechanochemical cy-
cle takes on average ~10 ms, close to the maximal obtainable time resolution 
for single-molecule detection using a (EM)CCD camera (32) as used in these  
studies (54, 55). Verbrugge and coworkers used a confocal fluorescence micros-
copy based motility assay with submillisecond temporal resolution to measure 
the time dependence of FRET between kinesin’s two motor domains, during  
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processive motion (30). They created four different homodimeric kinesin con-
structs with only one cysteine in different locations on both motor domains. These 
constructs were labeled with Alexa Fluor 555 as donor and Alexa Fluor 647 as 
acceptor, with a Förster radius of 5.1 nm, which would not result in FRET when 
both motor domains are microtubule-bound and 8 nm apart (Fig. 4F). Fluores-
cence intensity time traces were recorded at different ATP concentrations. FRET 
was observed for only two of the labeling locations (324 and 43; and not for 215 
and 149, Fig. 3). Kinetic information was extracted from donor time traces by  
analyzing their autocorrelations and comparing them to Monte-Carlo simulations. 
The data could be well described by a 3-state model, with a no-FRET state with 
both motor domains microtubule bound lasting ~12 ms, an intermediate FRET 
state with an ATP-concentration dependent duration, the ATP-waiting state, most 
likely with one motor domain microtubule bound and the other tethered and  
relatively mobile, and a third low-FRET state lasting ~3 ms with one motor do-
main microtubule bound and the other oriented in a specific location and orien-
tation, most likely docked to the microtubule-bound motor domain. These and 
other FRET experiments show that FRET is a powerful tool to measure small 
distance chances with high temporal resolution, which allows dissecting kinesin’s 
mechanochemical cycle and stepping mechanism.

2.3.10 Autoregulation of kinesin activity

Motor proteins are involved in a wide variety of intracellular processes, for exam-
ple, the transport of cargo to different locations in the cell. Intracellular transport 
requires the occurrence of several events to take place in a particular order. First, 
motors have to dock specific cargo at a specific location, subsequently they have 
to become active and move along the proper tracks in the proper direction, and 
finally, they have to unload their cargo at the right moment at the right location. 
To make it even more complex, motors with different properties often dock onto 
the same cargo. Therefore, optimal logistics of cargo transport relies on the pre-
cise regulation of the motor proteins. In vitro, motor action can be regulated by 
altering the concentration or nature of nucleotides. In the cell, many other essen-
tial processes depend on nucleotides and therefore, kinesins have to be regulated 
in a different way. Early experiments on Kinesin-1 suggested that its motility 
increased when the motors were attached to a cover glass or microsphere surface. 
Later experiments indicated that depending on salt concentration full-length  
Kinesin-1 could exist in two conformations discernible by analytical ultra- 
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centrifugation, a folded and more extended one (56). On the basis of such  
experiments it was suggested that Kinesin 1 is only extended and active when 
cargo is bound to the tail. If no cargo is bound the tail folds back on the motor 
domains, deactivating them, preventing futile ATP hydrolysis and microtubule 
binding (57). These ideas have been confirmed using the FRET-based MANT-
ADP assays discussed above on Drosophila Kinesin-1 heavy chain mutants of dif-
ferent length in- and excluding the light chain (58). These experiments revealed 
that there is a particular region in the tail, the IAK-homology region that inhibits 
ADP release from the motor domains. More detailed insight in the stoichiometry 
of tail motor-domain interactions required for inhibition was obtained by meas-
uring FRET between MANT-ADP and GFP-labeled tail peptides (59). These 
experiments showed that one tail domain can inhibit both motor domains at the 
same time in vitro.

To test how the activity of Kinesin-1 is regulated in vivo, Cai and coworkers moni-
tored kinesin’s conformation and subunit stoichiometry using ensemble FRET in 
COS cells (60). The cells we transfected to express different forms and combina-
tions of kinesin heavy chains (KHCs) and/or kinesin light chains (KLCs). KHCs 
and/or KLCs were labeled with enhanced Cyan Fluorescent Proteins (mECFP) as 
donor and Citrine (mCit) as acceptor, at different locations (Fig. 4G). Full-length 
kinesins containing both KHCs and KLCs did not bind to microtubules upon 
addition of AMP-PNP and showed a high FRET efficiency between labels on the 
motor and tail domains, and moderate FRET efficiency between labels on the 
motor domain and KLC, indicating that inactive kinesins are in a tightly folded 
conformation in vivo. In addition, these inactive kinesins showed a low FRET- 
efficiency between labels on both motor domains indicating that these are separa- 
ted. For active kinesins, a moderate FRET-efficiency was observed between labels 
on motor and tail domains indicating that, in active kinesins, the tail domains are 
also positioned close to the motor domains, resulting in a differently folded con-
formation. In addition, these kinesins showed a moderate FRET-efficiency be-
tween labels on the motor domains indicating that the motor domains are more 
closely together. FRET measurements showed that removal of the IAK-homology  
region resulted in kinesins (KHCs + KLCs) that were still tightly folded with 
both motor domains pushed apart but were now able to statically bind to mi-
crotubules. These results indicate that the IAK-homology region does not reg-
ulate the conformation of kinesin, but controls the microtubule binding capa-
bility of the motor domains and therefore plays an important role in kinesin  
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autoinhibition. The IAK-homology region alone is not sufficient for complete 
autoinhibition of kinesin, since kinesins that have full-length KHCs but lack the 
KLCs are active in vivo. It is very likely that the KLCs are crucial to keep kinesin 
in the tightly folded conformation when it is not active. Removing the so-called 
“TPR” (tetratricopeptide) cargo-binding motifs of the KLC using a truncated 
version (1-176) resulted in an increase in the inter-motor-domain FRET-efficien-
cy, indicating that these TPR domains are responsible for motor-domain sepa-
ration in inactive kinesin. The FRET-data described above show that kinesin’s 
activity in vivo is regulated by tight folding of the tail domain onto the motor 
domains, that the interaction between the TPR motifs of the tail and the motor 
domains pushes the latter apart, and that the IAK-homology region plays an 
important role in controlling the microtubule-binding activity of kinesin. The 
authors hypothesized that upon activation by cargo binding and an additional 
activation step, the tail undocks from the motor domains but stays in close prox-
imity. These studies were the first FRET experiments on kinesin in living cells, 
providing detailed insight in the conformational changes involved in the regula-
tion of motor activity.

SUMMARY AND OUTLOOK

FRET studies using ensemble and single-molecule approaches, in vitro and 
in vivo have provided substantial insight in the complex working mechanism of 
the motor protein kinesin. This protein has been a particularly rewarding sub-
ject of FRET studies because of its processive stepping mechanism, involving 
the hand-over-hand motion of two identical motor domains, brought about by 
conformational changes driven by the enzymatic hydrolysis of ATP. In my view 
applications of FRET to kinesin have not been exhaustive. Not all aspects of 
kinesin motility involving conformational changes have been resolved and are 
fully understood. Further single-molecule FRET, with labels on different parts 
of the proteins and better signal-to-noise and time resolution will surely lead to 
new insights and further understanding of kinesin motility. Particularly interest-
ing would be experiments combining optical tweezers revealing force generation 
and overall stepping, and FRET revealing distinct conformational changes that 
are cause and consequence of stepping. I foresee further applications of FRET 
to kinesin in living cells or whole organisms, potentially on the single-molecule 
level addressing for example cargo binding, motor regulation and cooperation 
between multiple motors. Such studies will benefit from the development of 
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novel fluorescent probes that are small yet bright and photostable. Many motor 
proteins other than Kinesin-1 are far less well understood, for example other 
members of the kinesin superfamily or dyneins. Studies of the mechanisms of 
these motor proteins will surely be helped by FRET experiments. In my view, 
FRET, at the single-molecule and ensemble level, is and will remain a crucial 
technique to reveal structural dynamics in biomolecules. These dynamics are the 
underlying actors driving protein and polynucleotide function and thus need to 
be understood in detail.
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